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Abstract

In recent times, biopolymer materials have been studied due to their wide
range of applications and sustainability. Among these, biopolymer-based hy-
drogels are fundamental in medical research, such as neural tissue engineering.
Cellulose-based materials with tailored properties can be obtained by combin-
ing the growth of cotton in tissue culture with molecularly-designed glucose
building-block feeding. This project aims to study the nanoscale effects of bio-
logical incorporation of fluorine-based molecules on cotton and characterize the
nanomechanical properties of various biopolymer-based hydrogels for neural
tissue growth using environmental Atomic Force Microscopy (e-AFM).
We present a protocol for synthesizing cotton fibers using enzymatic digestion
to yield nanofibrils. Both digested and non-digested cotton fibers were mea-
sured using e-AFM, including imaging and nanoindentation (for non-digested
fibers) under different relative humidities. Collagen-, PEGDA-, GelMA-, and
Alginate-based hydrogels prepared for neural tissue engineering were mea-
sured under liquid conditions.
Results indicate that both control and modified cotton macrofibers have micro-
to nano-structures arranged along their elongation axis, with noticeable hetero-
geneities in their local mechanics, presumably due to their internal arrangement.
In modified samples, the fluorine atom may also contribute to these differences.
Control cotton nanofibers swell at specific spots when exposed to higher relative
humidity, suggesting a semicrystalline structure. Modified cellulose nanofibers
exhibit heterogeneous swelling, with almost periodic changes in stiffness and
height, likely due to the fluorine atom’s interference with their wettability.
Biopolymer-based hydrogels showed rugosity (RMS) values around 2 nm, ex-
cept for Collagen, which had an RMS of around 15 nm, potentially due to UV
light exposure. The Young’s moduli of the gels ranged between 0.53 and 4.1
MPa.
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Resumen

En la actualidad, los materiales basados en biopolı́meros han sido ampliamente
estudiados debido a su rango de aplicaciones y sostenibilidad. Entre estos
materiales, los hidrogeles basados en biopolı́meros son fundamentales para la
investigación médica, como la ingenierı́a de tejido neural. Además, combinando
el crecimiento de algodón en cultivo de tejidos con alimentación de bloques de
glucosa diseñados molecularmente, fibras de algodón con propiedades adap-
tadas pueden ser obtenidas. Este proyecto tiene como objetivo estudiar los
efectos a nanoescala de la incorporación biológica de moléculas basadas en
flúor en el algodón y caracterizar las propiedades nanomecánicas de varios
hidrogeles basados en biopolı́meros para el crecimiento de tejido neural uti-
lizando Microscopı́a de Fuerza Atómica ambiental (e-AFM).
Presentamos un protocolo para sintetizar fibras de algodón utilizando digestión
enzimática basada en celulasa para obtener nanofibras. Tanto las fibras de
algodón digeridas como las no digeridas fueron medidas utilizando e-AFM,
incluyendo imágenes y nanoindentación (para fibras no digeridas) bajo difer-
entes humedades relativas. Hidrogeles basados en colágeno, PEGDA, GelMA
y alginato preparados para la ingenierı́a de tejido neural fueron medidos en
condiciones lı́quidas.
Los resultados indican que tanto las macrofibras de algodón de control como
las modificadas tienen micro- a nanoestructuras dispuestas a lo largo de su eje
de elongación, con heterogeneidades notables en su mecánica local, presumi-
blemente debido a su ordenamiento interno. En las muestras modificadas, el
átomo de flúor también puede contribuir a estas diferencias. Las macrofibras
modificadas muestran ciertos cúmulos entre estructuras más pequeñas. Las
nanofibras de algodón control se hinchan en puntos especı́ficos cuando se expo-
nen a una mayor humedad relativa, sugiriendo una estructura semicristalina.
Las nanofibras de celulosa modificadas exhiben una hinchazón heterogénea,
con cambios casi periódicos en la rigidez y altura, probablemente debido a la
interferencia del átomo de flúor con su humectabilidad.
Los hidrogeles basados en biopolı́meros mostraron valores de rugosidad (RMS)
alrededor de 2 nm, excepto el colágeno, que tuvo un RMS de alrededor de 15
nm, potencialmente debido a la exposición a luz UV. Los módulos de Young de
los geles oscilaron entre 0.53 y 4.1 MPa.
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Chapter 1

Introduction

It is of general knowledge that petroleum has been used as a vital resource for
humanity since centuries, with medical and fueling applications, for example.
It was not until the First Industrial Revolution that this resource started to
have a great impact in the worldwide economy, and that it started to be com-
pletely exploited as a non-renewable natural resource, for its uses not only in
energy but also in the creation of materials. In terms of materials derived from
petroleum, we can easily think in plastics, synthetic rubber, nylon, lubricants,
among others. One of the biggest problems with the petroleum industry is that
contamination occurs quite often as a result of it uses, leading to significant
ecological impacts [1]. In response to the effects of the un-ending demand of
fossil-fuels as petroleum, a new generation of sustainable materials have been
studied in recent times, such as bio-based materials, whose building blocks
comes from living matter [2].
The present work can be placed in the field of physics of materials, and is
particularly focused on biopolymers, which are naturally ocurring polymers
produced by living organisms. Biopolymers are materials that have been exten-
sively studied throughout the years [3], since they offer a solution to achieve
an environmentally-friendly alternative and help reducing waste derived from
plastics [4] for many industries. The application of biopolymers range from
textile industry and regenerative medicine to food industry. An example of the
latter is the work of Bezjak et al. [5], where they made an edible scaffold with
parallel microchannels based on marine biopolymers, showing that these mi-
crochannels allowed the formation of muscle-like structures (Fig. 1.1). Another
example of application in muscle-tissue engineering is the work of Taborda
et al. [6], where they used the electrospinning technique [7] to create a scaffold
with aligned nanofibers from a blend of three different biopolymers (Fig. 1.2),
which presented a high rate of cell growth.
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2 CHAPTER 1. INTRODUCTION

Figure 1.1: SEM images of the scaffolds created in the work of Bezjak et al. [5]. In
the left column, one can see the periodic microstructures created on the scaffold,
from a transverse and top view. Right column shows the counterpart, scaffolds
without the microstructure-process.

Figure 1.2: Left image shows a SEM micrograph of an electrospun nanofiber
scaffold, made out of a biopolymer blend (Salmon gelatin, Chitosan, PVA). On
the right, we can see a diameter histogram and that the sample has a relative
mean fiber orientation at −48o. Adapted from Taborda et al. [6].

In terms of structure, a Polymer (or macromolecule) is a set of N molecular
units linked together by covalent bonds, forming a chain. The molecular units
(or monomers) could correspond to different structures, but what defines a
polymer is that modifying some quantity n ≪ N of monomers, does not affect
its properties. Also, N is denoted as the degree of polymerization. One of the
simplest polymers that we can synthesize is the polyethylene (PE), which as
it name says, is a chain composed of N ethylene chemical units. Polymers in
general have a similar structure to that of PE (Fig. 1.3), usually being based
on a Carbon back-bone, and replacing the Hydrogen atoms. It is important to
know how a chain could be distributed in space to study it, since crystalline or
amorphous forms can be presented.



3

Figure 1.3: Polyethilene representation. Black and white spheres represent
Carbon and Hydrogen respectively. Its chemical unit is CH2.

In order to understand polymers, various models, that will not be discussed
here, are developed. Many of them are covered in Strobl [8]. Another thing that
is worth to notice in this work, is that a polymer array can be either hydrophilic
or hydrophobic (like or dislike water respectively), meaning that their response
to environmental relative humidity will be determined by their internal capabil-
ity to absorb water. It has being proved, for example, that collagen nanofibers
present heterogeneous swelling [9], i.e. depending on the zone of the fiber, it
interacts differently with water. It is visible, also, on Atomic Force Microscopy
(AFM) phase images, which refer to different energy dissipation).

Figure 1.4: IC-mode AFM images of a collagen fibril before swelling [height (a),
phase (d)], after 20 h of swelling [height (b), phase (e)], and after drying [height
(c), phase (f)]. Image taken from Spitzner et al. [9]

Swelling of structures is influenced by the material’s Degree of Crystallinity
(DoC) [10]. Nanoscale swelling has also been studied in the work of Menacho
et al. [11], where they studied both experimentally and theoretically the fiber-
water interaction of a biopolymer with a high DoC (PVA), at different relative
humidity levels (See Fig. 1.5).
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Figure 1.5: (a) 3D Topographies of two overlapping PVA fibers at different
relative humidities (RH). (b) Cross-section of the bottom nanofiber for different
humidity values. (c) Height of the nanofiber, obtained over three successive
images of the same region, averaged from both bottom and right-side cross
sections as a function of humidity. Taken from Menacho et al. [11].

1.1 Cellulose

One of the biopolymers that will be studied in this work is Cellulose. Cellulose
is quite an interesting biopolymer, since it is considered semi-crystalline [12],
and nowadays has many applications. For example, in the textile industry, cot-
ton (cellulose-based material) is considered as a promising basis for wearable
smart textiles (this concept will be discussed later, around Fig. 1.10) [13]. Vast
research efforts have been placed on nanocellulose, using different methods to
synthesize it, while working with different sources. In the work of Chakraborty
et al. [14], a general analysis on characterization techniques was made, making
clear that AFM is a strong tool to understand the properties of nanocellulose.
They also present a schematic of the plant-based cellulose structure (Fig. 1.6).
This work concludes that AFM is able to provide details of surfaces than can
be complementary to Scanning Electron Microscopy (SEM) and yield mechani-
cal/chemical properties of the sample that validate some results obtained with
Infrared Spectroscopy (IR).
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Figure 1.6: Plant-based Cellulose schematic structure. (Image taken from
Chakraborty et al. [14]).

There have been successful methods to synthesize nanocellulose from differ-
ent sources. For example, in the work of Fahma et al. [15], cellulose nanofibers
(CNF) were obtained from oil palm empty-fruit-bunches by sulfuric acid
hydrolysis (See Fig. 1.7). In that experiment, the average thickness of CNFs
was within 1-3.5[nm], and their DoC rounded 53.83% and 58.78% depending
on the time of exposition to the sulfuric acid. CNFs had cylindrical form. A
fundamental point of this work is that they evidenced that in the hydrolysis
process, the acid generally has troubles penetrating the crystalline regions, so
the amorphous region of cellulose is attacked first. This can be seen with
X-Ray Diffraction (XRD), noting that when the cellulose was exposed to the
sulfuric acid, it first increased its DoC, while as the time of exposition to sulfuric
acid passed, it decreased. Another interesting work is that from Li et al. [16],
where CNF synthesized via hydrolysis using sulfuric acid are shown, but this
time they come from cotton. The fibers had cylindrical form (rod like) and a
smooth surface, with average lengths varying from 90.5[nm] to 664.9[nm], and
widths varying from 7[nm] to 19.2[nm] (See Fig. 1.8). In this work, information
regarding the crystallinity of nanocellulose from different sources was reviewed,
showing variations from 54% to 87.1%.
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Figure 1.7: AFM images of CNF obtained from oil palm empty-fruit-bunches.
The number after the dash on the code of the images refers to the time exposed
to sulfuric acid, in minutes. (Image taken from Fahma et al. [15]).

Figure 1.8: AFM images of cotton-based nanocellulose digested by sulfuric acid.
Fibers with different times of exposition to sulfuric acid are shown (decreasing
from left to right). Their lengths and width decrease with more time of exposi-
tion. Image taken from Li et al. [16].

The work of Ottesen and Syverud [10] concluded that there is a correlation
between DoC and swelling. Higher DoC implies lower swelling (See Fig. 1.9).
That evidence should imply that nanocellulose from different sources (with
different DoC) would have different swelling properties. In this work, they
did not find any evidence for distinct crystalline and amorphous domains in
natural cellulose. They only reported a general swelling of the structures.
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Figure 1.9: AFM micrographs of CNF with high DoC and low DoC in air or
water as indicated. In the swelling column, the change in height. Scale bar
is 5[µm]. Top right corner of the images indicates the max height registered.
(Image taken from Ottesen and Syverud [10]).

In 2017, biological fabrication of cellulose fibers with tailored properties
was achieved by Natalio et al. [13], where cellulose with magnetic and fluores-
cent properties were obtained. This was an important advancement towards
improving the characteristics of cotton, thinking of it as a basis of smart textiles
(adaptive materials that integrate multi-functionalities to dressing clothes [17],
Fig. 1.10). Fig. 1.11 shows a scheme of the method used by Natalio et al. [13].
In summary, they combined In vitro cotton culture with molecularly designed
glucose derivatives, obtaining unnatural properties from cotton fibers, such
as magnetism and fluorescence. In plants, cellulose fibers are composed of
β-glucopyranose units linked by the β-1,4-glycan bonds extruded as nanofibrils
to the extracellular space of the plant ovule, where they self-assemble into larger
micro to centimeter size structures through H-bonds. Natalio et al. [13] con-
clude that biological systems combined with appropriate molecular designs can
be exploited in order to obtain functional composite materials, implementing
the concept of material-farming. Thinking in the smart textiles industry, the
idea of modifying cotton in order to control its wetting properties arises. This
could not only lead to generate non-electronic cotton based smart textiles with
hydrophobic responses to water, but also, to understand on a more fundamental
level how the CNF extrusion process works and how it can be interfered by the
biological incorporation of fluorine atoms.
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Figure 1.10: Representation of the use of different advanced materials in the
preparation of smart textile products. (Image taken from [18]).

Figure 1.11: Schematic of the biological incorporation of fluorescent tagged
glucose into cotton fibers. (Adapted from Natalio et al. [13]).

The idea for this project is to use this method to incorporate the glucose-
based molecule 3-deoxy-3-fluoro-d-glucopyranose (3-dfg) in fertilized cotton
ovules, and then detect its effect at the nanoscale. 3dfg is a molecule that, in
simple words, is a glucopyranose (as the ones that composes cellulose, see Fig.
1.6) with its -OH group from Carbon-3 replaced by a Fluorine atom.

Figure 1.12: 3-deoxy-3-fluoro-D-glucopyranose molecule representation [19].
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1.2 Hydrogels

The second biopolymer-based structures that we will study in this project are
hydrogels, focusing on nerve tissue engineering. Hydrogels are created when
hydrophilic polymeric chains are crosslinked (Fig. 1.13), typically forming 3D
structures. Biopolymer-based Hydrogels have a wide range of applications,
considering that when hydrated, they are in general soft materials with a
considerable amount of water content. This can be used to simulate many
biological structures and has lately attracted research groups [20].

Hydrogel Surface

PBS

PBS

Hydrogel Surface Hydrogel Surface

PBS

Water-soluble polymer Hydrogel

Cross-linking

Water-soluble polymer Hydrogel

Cross-linking

PBS

Hydrogel Surface

Hydrogel Surface

PBS

Figure 1.13: Representation of a hydrogel structure.

In terms of biomedical applications, for example, in tissue engineering,
hydrogels are used to emulate the extracellular matrix (ECM) as scaffolds.
Collagen is the most used biopolymer in tissue engineering, since it is the main
component of the mammalian tissues’ ECM [21]. The type I collagen, the most
common for this applications, is a triple-helical protein of periodic polypeptide
chains. Collagen fibrils self-assemble into bundles that are crosslinked to obtain
the hydrogels [22]. An AFM image of a collagen gel is presented in Fig. 1.14.

Figure 1.14: AM-FM image of a collagen gel. Image from Stylianou et al. [23]
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There is also research that has shown the benefits of mixing traditional
biopolymer-based hydrogels with novel materials, such as Carbon NanoTubes
(CNT). For example, the work of Ye et al. [24] showed that mixing CNT with
PEG (Polyethylene Glycol) improved cosiderably the cell viability compared to
the pure PEG hydrogel, when studying PC12 cells. The cell adhesion in general
of pure PEG hydrogels is minimal, but it was not the case for the CNT-PEG gels.
The authors correlate this with the low rate of protein adsorption presented by
the pure PEG hydrogel (c-PEG-0 in Fig. 1.15).

Figure 1.15: a) Cell density of PC12 cells after incubation on PLL-coated glass
substrates (control) and different CNT–PEG composite samples. c-PEG-0,5,10,20
refers to different CNT concentrations, where 0 is pure PEG. b) Normalized
ECM protein adsorption of control and different CNT–PEG composite samples.
Adapted from Ye et al. [24]

.

In the particular case of peripheral nerve tissue engineering, hydrogels
made from compounds such as Gelatin Methacrylate (GelMA), Polyethylene
Glycol Diacrylate (PEGDA), Collagen, and Alginate have been shown to be
good candidates to serve as biomimetic ECM scaffolds [25, 26, 27, 28, 29]. This
is mainly due to their tunable mechanical properties, compared to other types
of hydrogels. The Peripheral Nervous System (PNS) serves as the extensive
network of nerves that branch out from the Central Nervous System (CNS)
and connect with the rest of the body. It is composed by nerves, ganglia, and
sensory receptors distributed throughout the body, facilitating communication
between the CNS and various tissues, organs, and limbs. Nerves are bundles
of nerve fibers (axons) and their associated connective tissues extend from the
CNS to different parts of the body. They carry signals to and from the CNS,
allowing communication with muscles, glands, and sensory receptors. Ganglia
are clusters of nerve cell bodies and support cells located outside the CNS.
They serve as relay points for incoming and outgoing nerve signals. Sensory
Receptors detect various stimuli such as touch, temperature, pain, pressure, and
chemical changes throughout the body. Examples include photoreceptors in the
eyes, mechanoreceptors in the skin, and chemoreceptors in the taste buds and
olfactory epithelium. Having this in mind, and understanding that most signals
are carried out by electrical pulses, we can understand that the environmental
electrical activity could affect the development of the neural system. In the
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same work of Ye et al. [24], they remark the importance of electrical activity for
neurons to keep the homeostasis. In fact, the work of Ma et al. [26] shows how
changes in homeostasis could lead to neuropsychiatric disorders. However, not
only electrical signals play a role in neuronal development. The work of Koser
et al. [30] showed the importance of mechanosensing in the axon growth in
developing brain. They showed, for example, that axons Retinal Ganglion Cells
(RGC) that were exposed to the same chemical environment but to substrates
with different stiffness grew different. In fact, after 24 hours, axons seeded on
stiffer substrate were considerably longer than their counterpart (Fig. 1.16).

Figure 1.16: Cultures of Xenopus eye primordia (asterisks) on (a) soft (0.1 kPa)
and (b) stiff (1 kPa) substrates. Arrows indicate axons.Adapted from Koser et al.
[30].

Along with the stiffness of the surface, it is also important to characterize
its roughness [31]. Roughness affects protein adsorption [32], and thus, cell-
adhesion, which is mediated by binding proteins. Depending on the cell type
and culture conditions, there can be threshold roughnesses for the cells to grow
[33, 34]. So, to understand the neuronal behavior in the different processes (for
example, when regenerating tissue from an injury), we would need to study not
only the chemical-electrical signals, but also how the environmental mechanics
affect them. This makes imperative to have mechanical characterizations of the
substrates used for brain-cells culture, for example, which motivates the second
part of this work [35].
In summary, this thesis aims to study the nanoscale effects of biological
incorporation of fluorine-based molecules on cotton, and also to character-
ize the nanomechanical properties of different types of biopolymer-based
hydrogels for neural tissue growth. This will be done through different experi-
ments using Atomic Force Microscopy under different conditions, including
humidity-controlled and liquid-environment experiments. In chapter 2, AFM
fundamentals will be introduced, as well as basic deformation theory concepts
and the Hertz Model for solids in contact. Chapter 3 will focus on experimental
setups and protocols, while in chapters 4 and 5 the results and conclusions will
be presented.
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Chapter 2

Measurement Fundamentals

In this chapter, fundamentals of AFM will be introduced, considering the envi-
ronmental conditions and modes of operation. Then, the Hertz Model of contact
mechanics will be presented.

2.1 Atomic Force Microscopy Fundamentals

Atomic Force Microscopy (AFM) is a type of Scanning Probe Microscopy (SPM),
invented in the 1980’s, after the Scanning Tunneling Microscopy (STM) [36] and
Scanning Near-Field Optical Microscopy (SNOM) [37]. AFM uses a probe (tip) to
get high-resoluted details of a surface through the tip-sample interaction. AFM
has its own branches, such as Magnetic Force Microscopy [38] (a magnetized tip
scans a magnetic sample) and Kelvin Probe Force Microscopy [39] (measures
contact potential differences). An important difference between AFM and its
predecessors is that it allows imaging topography of conducting and isolating
surfaces, with atomic resolution [40]. Atomic resolution with AFM has been
proven to be obtainable in vacuum, and even at room temperature [41].
The basic components of AFM (see Fig. 2.1) are a Laser, Tip, Cantilever, Piezo
actuators and Photodiode (PD). The tip is the component that will interact
with the sample, and is attached to a cantilever, generally made of silicon. The
cantilever is used to measure the interaction between the tip and the surface,
through the signal that the PD receives from the laser, which is focused on the
backside of the lever. The laser points the cantilever, and is deflected and caught
by the PD, which typically has 4 quadrants (photosensitive regions). The PD
generates a current proportional to the photons caught in every quadrant. The
Piezo actuators are piezo electric crystals that move the cantilever across the
surface, and control the tip-sample distance.

13
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Figure 2.1: a) Basic AFM components representation. b) SEM image of a com-
mercial cantilever with its tip. c) Zoom of a cantilever tip. (Image taken from
Corrales [42]).

AFM topographical images are generated considering the tip-sample inter-
action, which is a mix of short and long range forces, that can be understood
with a Lennard-Jones potential (see Fig. 2.2).

Figure 2.2: Representation of tip-sample interaction as Lennard-Jones potential,
in terms of distance. The distances marked correspond to different AFM modes.
(Image taken from El-Desawy [43]).
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2.1.1 AFM Imaging

There are three principal modes for the AFM to operate creating topographical
images:

• Contact mode: Cantilever-sample distance is in the repulsive region of Fig.
2.2. The probe scans keeping a constant tip-sample force, considering that
the interaction will be repulsive, thus being able to do a 3D topographical
map [44]. From this mode, the Force spectroscopy that will be presented
later was developed.

• Tapping mode: The cantilever vibrates near its mechanical resonance
frequency. The resonance frequency is obtained doing a frequency sweep,
using and additional piezo-actuator located on the cantilever holder. Once
approached to the sample, the tip will tap or briefly touch the surface,
reducing the vibration amplitude [45]. This can be understood as the
tip intermitently moving from the contact to the non-contact regime of
Fig.2.2. By taking the variation between the free-vibration amplitude and
the vibrating amplitude that the tip has in every point as a setpoint, a
topographical map of the surface can be obtained. This mode is also
known as Amplitude Modulation (AM) mode.

• Non-contact mode: The cantilever vibrates near its resonance frequency.
As the tip approaches close enough to interact with the sample, the force
between them would be enough to produce a shift in the frequency from
the resonance one. The change in frequency is related proportionally to
the gradient of the interaction force. To see this, we start considering the
frequency of an interacting cantilever and then doing the considerations
shown in [42]:

f =
1

2π

√
k∗
m

(2.1)

=f0 +
1

4πm

√
m

k0
k∗ (2.2)

⇒ ∆f

f0
=
1

2

k∗
k0

= − 1

2k0

dF

dz
. (2.3)

f0 is the non-interacting frequency of the lever, k∗ the effective spring con-
stant, and k0 the lever’s spring constant. By taking the shift in frequency
as a setpoint, a topographical image is created. This mode is also known
as Frequency Modulation (FM) mode.

The reason for using different modes is that they are optimized for different
types of samples and objectives. Contact mode has the advantage, for exam-
ple, that it can measure lateral forces on a sample, but at the same time the
disadvantage that the same movement can damage the tip or the sample. In the
work of Zhong et al. [46], they show differences between contact mode AFM
and Tapping mode, in a polymer surface, concluding that tapping mode was
better at imaging (see Fig. 2.3), as it generated images without damaging the tip
nor the sample, while contact mode induced irreversible damage in the polymer.
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Figure 2.3: Comparison of AFM (c) Contact mode, (d) Tapping mode imaging
on a Fractured polymer/silica fiber surface. (Image adapted from [46]).

If the sample’s topographical features are very small compared to the tip
radius, which is commonly in the order of nanometers, the image generated
can be distortioned, since the tip would be hitting the same feature for a longer
period (See Fig. 2.4). This is a problem than can be solved generally decreasing
the tip radius as much as it is needed, as well as adjusting the scanning velocity.
Nevertheless, depending on the environment-tip interaction, this may not be
enough (will be discussed more in Sec. 2.2). Another method to look into more
details of the surface’s properties using AFM is through the Phase Imaging
mode, that will be presented next.

Figure 2.4: Graphical representation of how the dimensions of a sample mea-
sured with AFM can disturb the real topography if the tip radius is comparable
to the sample scale.
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2.1.2 Phase Imaging Mode

Based on the tapping mode, Phase Imaging goes beyond topography, and gives
information about the variations of materials properties, such as adhesion,
friction, and viscoelasticity [47]. Basically, the cantilever has an input with a
certain frequency, which is shifted every time it interacts with a surface, due to
the energy loss. This phase shift is recorded, and thus a phase contrast map is
obtained.

Figure 2.5: (a) Topographic AFM image of a ferroelectric PZT film showing a
large PZT crystal. (b) Phase-contrast image of the same region as (a), showing
the large crystal composed of a central crystallite, surrounded by four twinned
crystals. The twinned crystallites contain black and white striations. The fine
granular structure of the bottom PZT film can be also easily distinguished.
Image taken from Pang et al. [48].

An example of the details that can be obtained using the phase imaging
mode can be seen in the work of Pang et al. [48] (Fig. 2.5). In this example,
we can see a big difference between phase and topography, when considering
the nano-scale details. Nano- to micro-structures can be more easily spotted
through phase imaging, thanks to the difference in the energy dissipation in
every the tip-sample interaction. This difference can be due, for example, to
the stiffness of the material. Of course, it will always be a mixture of different
parameters affecting.

2.1.3 AFM Force Spectroscopy

Force Spectroscopy measurements consists on approaching the AFM tip onto a
single point of the sample’s surface in order to deform it, while the cantilever’s
vertical deflection is measured by the Photodiode [42]. The movement is made
by the Z-piezo actuator. In the moment that tip and sample are in contact,
their deformation is understood as the one of two Hookean bodies (if the
sample is deformable). This assumption is made under the understanding
that the deformation should be small enough compared to the sample’s total
dimensions, so it can be considered an elastic deformation and not pass to the



18 CHAPTER 2. MEASUREMENT FUNDAMENTALS

plastic regime. Then, the deformation of the sample (δs) can be obtained in
terms of total deformation (δt) and the cantilever’s deformation (δc). Knowing
the cantilever’s deformation and its spring constant (usually obtained from
thermal noise method, as explained in the work of Hutter and Bechhoefer [49])
the deflection signal can be converted into applied force.
To measure a soft sample, a reference on a hard and undeformable sample is
taken. This allows to calibrate the deflection sensitivity of the cantilever, i.e.,
how the deflection and the PD voltage are related. Once the reference is done, a
Force graph in terms of tip-sample distance can be made. This is shown in Fig.
2.6, where approach-retract curves can be seen.

Figure 2.6: a) Reference curves, used to calibrate the microscope’s sensitivity.
Hard and soft samples are illustrated. b) Final converted Force curves in terms
of tip sample distance. Image taken from Corrales [42].

Fig. 2.6 shows another interesting phenomena that usually occurs on de-
formable samples, the hystheresis. Hystheresis of the approach-retraction curve
can be caused by multiple factors, such as capillarity of the sample (dependent
on the surface tension), sliding the tip on the surface, and others. Having the
force-distance curves obtained from a tip-sample interaction, we can identify
the elastic regime of the curve, and use a force value to obtain the Young’s
modulus of the sample using Eq. 2.9 (explained in the following section).

2.2 Environmentally controlled AFM (e-AFM)

The traditional AFM technique operates in ambient conditions, where the sam-
ple is scanned in air or vacuum. However, many biological and soft materials
require a liquid environment to maintain their functionality and integrity. Also,
as we saw in the first chapter, the exposition to different relative humidity levels
of the samples can give us insigths on how it interacts with water at a molecular
level. Then, controlling the environment of the AFM chamber is something of
great interest for this project.
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2.2.1 Humidity controlled AFM

Real e-AFM setup will be presented later, but here we are introducing the
schematic idea of how the environmental chamber of the AFM would be (Fig.
2.7).

Sample

Liquid

Incubator

CNF

Solution

Droplet

Silicon

wafer

Humidity Chamber

Humidity Chamber

Humidity Chamber

Figure 2.7: AFM humidity chamber schematic.

Something to take into consideration while doing any measurement that
has to do with humidification, is that the tip-sample interaction could be hardly
affected by the tip-water interaction too. In fact, it is common that the sharp
tip could create some capillary-bridges (See Fig. 2.8) when interacting with the
sample, enhancing effects similar to what was shown in Fig. 2.4. This can affect
the interpretation of the sample’s width, would not alter the measurement of
the sample’s height.

Figure 2.8: Representation of the capillary bridges than can be formed between
tip and substrate when exposed to environmental humidity. Imagen taken from
Payam [50].
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2.2.2 Liquid environment AFM (L-AFM)

Liquid Atomic Force Microscopy (L-AFM) allows to study interactions, dy-
namics, and properties of samples immersed in liquids such as water, organic
solvents, or biological buffers. If one wants, for example, to study the nanome-
chanical properties of hydrogels in a hydrated state using AFM, the experiment
would have to be performed in a liquid environment. The configuration will rely
on the sample to analyze, but the idea is to submerge both, the AFM cantilever
and the sample in liquid. The main technical challenge of this method is the pres-
ence of liquid itself, which could introduce additional forces and interactions
compared to the dry environment. In particular, the liquid environment can
deeply affect how the photo-detector receives the laser signal (remember Fig.
2.1). This can be improved using cantilevers with a gold-coating on their back,
for example. This technical problems do not imply by any term that resolution
is lost using this method. In fact, as one can see in the review work of Sumaiya
and Baykara [51], first atomic resolution out of vacuum measurements with
AFM were obtained in liquid environment by Ohnesorge and Binnig [52]. The
liquid AFM compared to the environmental one has advantages, as avoiding
the formation of capillary bridges (Fig. 2.8), and also the friction forces are
reduced1.

Figure 2.9: L-AFM setup representation. In this representation, a gold-covered
back cantilever is presented.

1Even with that, the group of Sumaiya et al. [53] in 2022 was able to achieve true atomic
resolution imaging in air, using Conducting Atomic Force Microscopy, but that is out of the
scope of this work.
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2.3 Hertz Model of solids in contact

In this section, some important results, as well as the considerations taken by
the Hertz Model will be briefly presented. The work of Hertz [54] considered
two spheres in contact, as represented in Fig. 2.10. Note that Fig. 2.10b. accounts
of a circular contact surface, with radius a.

Figure 2.10: a) Action of the normal force (N), normal deflection (δ) and resulting
contact surface. b) Contact pressure profile between the spheres. c) Typical
normal force vs normal deflection curve. (Image taken from [55]).

Following Hertz (and, as a more contemporary approach, the analysis made
in the work of Dintwa et al. [55]), the maximum pressure is given at the centre
of the contact surface, r = 0, and is given by:

p0 =
3F

2πa2
, (2.4)

where F refers to the applied force, that was named as N in Fig. 2.10. The term a
can be written in terms of the effective stiffness (K) and the effective radius of
curvature (R) as:

a =

(
3FR

4K

)1/3

. (2.5)

The definitions of R and K are the following:
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where νi and Ri are the Poisson’s ratios and radii of curvatures of both spheres.
Finally, the normal deflection will be given by:

δ =

(
9F 2

16RK2

)1/3

. (2.8)
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In case that one of the materials is much harder than the other one, having a
Young’s modulus of E, one of the terms of Eq. 2.6 would dissapear, yielding:

δ =

(
9F 2E2

16R(1− ν2)

)1/3

. (2.9)

For this model to be theoretically developed, many assumptions were taken
into account [55]: 1) materials of contacting bodies should be isotropic and
homogeneous. 2) static loads applied. 3) dimensions of the bodies are much
larger than contact radius. 4) materials are Hookean (linearly elastic). 5) no
friction effects are considered. 6) small deformations. 7) static loads are applied.
In reality, many of these assumptions cannot be applied. Nevertheless, the work
of Dintwa et al. [55] showed that some of these conditions are not mandatory
to be satisfied in order to get correct results using the model.
To apply this model, we need to know the Poisson’s ratio (ν) of the material,
which is defined explicitly as:

ν =
Transverse Strain

Longitudinal Strain
, (2.10)

and describes the coupling between axial and transverse deformations [56]. i.e.,
it describes how a material changes in shape when stretched or compressed. In
general, for incompressible materials such as rubber, ν tends to have a value
of 0.5. Even if we know this value tends to considerably deviate from that [56],
during this work we will not experimentally determine the Poisson ratio of
our samples and only consider it to be 0.5. The work of Smith et al. [56], for
example, shows a facile method to quantify ν for gels, but it escapes from the
scope of this work.
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Experimental Setups and Protocol

In this chapter, the sample-preparation protocols will be described, as well as
the e-AFM setup. Additionaly, tools and equipment used for the synthesis and
AFM analysis will be presented. Macroscopic cotton samples and hydrogels
were provided by our collaborators.

3.1 Sample Preparation

3.1.1 Cotton Macrofibers

For treated and control cotton samples, a small (yet visible) macroscopic fiber
was isolated from bulk cotton using tweezers. Then, it was fixed to a glass
coated with a fresh epoxy film, created through blade coating (See Fig. 3.1). The
blade is embedded with an epoxy mix on its edge, and then used to create a thin
film on the glass. A thin thread of cotton is placed over the epoxy film using
tweezers, and left to dry at room temperature for 24 hours. After this, samples
were measured using an environmental atomic force microscope (e-AFM).

Figure 3.1: Schematic representation of the blade coating of glasses. a) Glass
and blade before the coating. b) Glass and blade after the coating.

3.1.2 Nanocellulose Synthesis

Treated and control cotton samples weighing approximately 10 mg were en-
zymatically digested using Trichoderma reesei cellulase (Trichoderma reesei
ATCC 26921, Sigma, Israel) (1.8mg/mL) in ultra pure water and kept at 25oC
using a thermoblock for 16h. This process can be iterated to get more days of
digestion. Then, 10µL of the resulting solution was diluted 1 : 500 in doubled
distilled water and kept at 4oC until further measurements were performed.

23
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Finally, 10µL of the diluted solution was placed onto a silicon surface, pre-
viously cleaned with isopropanol, and placed in an incubator at 10oC for a
drying period of 5h. Once dried, the samples were measured using an e-AFM.
In this work, the control CNF was analyzed after 3 days of digestion, while the
modified CNF was digested two days.

3.1.3 Hydrogels
1 Collagen solution was prepared by dissolving 1.5 mL of collagen (Collagen I)
in 30 mL of 20 mM acetic acid. A total of 2 mL of the solution was deposited
in each well of the six-well plate, left to incubate for two hours, and then
washed three times with PBS (Phosphate-Buffered Saline) pH 7.4. On the other
hand, PEGDA hydrogel was prepared by mixing 1 g of PEGDA and 31 mg of
Darocur 1173 (photoinitiator), dissolved in 10 mL of HEPES. A total of 1.5 mL
of solution was deposited in each well of a six-well culture plate and exposed
to UV radiation (0.4 joules), the wells were washed three times with PBS pH 7.4.
Alginate hydrogels were prepared by ionic polymerization by mixing 800 µL of
an alginate solution and 1 mL of 100 µM CaCl2. A total of 2 mL of the mixture is
placed in each well of the six-well culture dish, allowed to rest for 30 min, and
washed 3 times with PBS pH 7.4. The alginate solution is prepared by dissolving
0.5 g of alginate in 50 mL of culture medium (RPMI 10% HS, 5% FBS, 1% AB)
for a final concentration of 0.01% w/v. Finally, the synthesis of methacrylated
gelatin (GelMA) hydrogel was prepared from a modified protocol by reaction
of gelatin with methacrylic anhydride. From a 10% (w/v) gelatin solution in
PBS (pH 7.5) at 50◦C, methacrylic anhydride was added slowly (0.2 mL/min)
under vigorous stirring until a 20% v/v gelatin solution was formed. The
resulting solution was diluted 1:2 in PBS and dialyzed for 3 days in Milli-Q
water at 40◦C. The product was freeze-dried to obtain a powder in varying
amounts. Treatment of the culture surfaces was performed by dissolving 0.1 g of
GelMA in 2 mL of PBS, plus 500 µL of culture medium and 100 µL of Irgacure
(photoinitiator) 4:5:1, 1.5 mL of the mixture was deposited per well in six-well
plates and irradiated with UV 0.2 joule. Further details are provided in [35].

3.2 Microscopy Setup

For all the Cellulose characterization, we used a NanoSurf Flex AFM C3000,
mounted with a humidity chamber (HC). The HC is connected by plastic
tubing that injects a flow of gas, which is a mixture of two entries. The first
entry comes from a bottle with a mixture of water vapor, air and nitrogen
(99.998% purity, from INDURA). Water vapor is obtained with a piezo electric
pulverizer, used to create humid air. The second line is composed of pure
nitrogen, which can be used to dry the environment. Also, there is an exit
hose, that controls the pressure in the HC, and pushes out the original air.
The range of humidities can sweep from around 2% and 80%. Additionally, a
BME280 sensor, controlled by Arduino is on the floor of the HC. BME280 sensor

1These hydrogels were prepared by our collaborators, and the details were provided by
them. All this work was already published and can be found in Olguı́n et al. [35].
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has been proven to be a good option to measure temperature, pressure and
humidity of different environments [57], being a low cost option to consider
in order to even monitoring the quality of air in cities like Santiago, Chile [58].
The cantilevers used for this part of the work were Supersharp SSS-FMR by
NanoSensors (Watsonville, CA, USA). An Anti-static mat with a measured
resistance of around 1.9[MΩ] is used to mount the AFM probes, specially the
SSS-FMR cantilever, since a small quantity of static electricity can damage the
tip if discharged. Optical images of the epoxy-glued macrofibers were taken
with a Zeiss Primotech (Jena, Germany).

Figure 3.2: a) Flex AFM with mounted humidity chamber (hc) inside its insulat-
ing chamber. b) Top view of the AFM’s hc containing a BME280 sensor. c) Bottle
with a piezo-vibrator system for mixing humid air. d) Digital screen displaying
real-time temperature and relative humidity from the sensor inside the hc.

For the Hydrogels’ experiments, the collagen sample was measured using
the Flex AFM, while alginate, PEGDA, and GelMA were measured with a
JPK NanoWizard3. The AFM chips used for this research were qp-BioAC by
NanoSensors (Watsonville, CA, USA). These AFM chips have three different
cantilevers with different elastic constants and dimensions. Each cantilever
has a tip radius of around 10 nm and a Uniqprobe coating that consists of a
reflective gold layer. This coating is applied to the backside of the cantilever,
which faces the detector. This coating helps reduce the bending of the AFM
cantilever and its chemical stability when measuring in liquid environments. In
particular, the AFM measurements were performed in a PBS solution.
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Chapter 4

Results and Discussion

4.1 Cellulose Project

In this section, results on control and treated cellulose will be presented. Results
include macrofibers and cellulose nanofibers.

4.1.1 Macrofibers

Both types of samples -control and modified- were fixed to a glass through the
blade coating technique, as presented in Chapter 2. The obtained macrofibers
are shown in Fig. 4.1.

Figure 4.1: Epoxy-glued macrofibers on a glass surface. a) Control Fiber, b) 3-dfg
Fiber. Scale bar is 200(µm).

Using an optical microscope, we identified zones where the fibers were not
covered by epoxy, and analyzed them with AFM.

27
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a) b)

d) e) f)

g) h)

c)a) b) d)

g)e) f) h)

i) j)

Figure 4.2: AFM images of the control macrofiber supported over a dry epoxy
film. The middle row of images (e,f,g,h) correspond to a cropped spot of the
first row (a,b,c,d). a), b), c), are Topography, Amplitude and Phase channels,
respectively, as well as e),f),g). d) and h) correspond the convolution of topogra-
phy and phase channels. i) and j) correspond to 3d representations of d) and h),
respectively.

In Fig. 4.2 we can see AFM images of the macrofiber at one specific spot. One
can see that there are micro- to nano-structures that compose the macrofiber,
and that are aligned with its elongation axis. This agrees with what we expect,
for example, from the structures presented in Fig. 1.6. Just by looking at the
images, although, it is difficult to state if those structures are the actual cellu-
lose nanofibers that we will be looking for in the next section. Phase images
suggest that contrast arising from the tip-sample interaction is not completely
homogeneous within the macrofiber - leading us to think that the arrangement
of the macrofiber’s components could be changing its local stiffness.
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After looking for some spots within the fiber, we did force spectroscopy
experiments on it (Fig 4.3). Maximum value of force applied was 150nN.

Figure 4.3: Humidity-controlled experiments on a control Macrofiber. Left col-
umn (a,c,e) represents a phase image, mechanical map and a Young’s modulus
distribution for a humid (rh ≈ 60%) state fiber (background filtered), respec-
tively. Right column (b,d,f) are the analog for a dry state (rh ≈ 5%).

We first measured with a relative humidity close to 60%, and then, close to 5%.
We can see from Fig. 4.3 a),c) and b),d), a clear contrast between the fiber and the
epoxy background for both cases. Even with that, in terms of quantifying the
stiffness of the sample, we can just confirm what we inferred from Fig. 4.2: the
arrangement of macrofiber’s components affect it’s local stiffness. The Young’s
modulus distribution for both cases (humid and dry) is heterogeneous, not
showing any bell-like distribution after masking and separating the fiber from
the background. Having this in mind, we did not try the same experiment for
modified macrofibers. In retrospective, we could have tried different methods
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if we wanted to test the mechanical properties of the fiber. For example, using
colloidal probe AFM [59] instead of a sharp tip, or just using a macroscopic
tensile test as in the work of Kuperman et al. [60]. In terms of morphology,
we can notice that left and right column seem completely different. We do not
think that this is a morphological change due to humidity changes, but due
to the nanoindentation experiment. It is possible that we used too much force
against the humid fiber, which is expected to be softer than when dried, so we
re-arranged its micro-components. We think that imaging in terms of relative
humidity without applying nano-indentation could have given us more clues
about the swelling of the macrostructures, maybe to spot some heterogeneites
clearer, but we were not able to do so in this thesis. From Fig. 4.3 e) and f), even
if it is difficult to confirm, Young’s moduli distribution suggest that the dry
(E ≈ 0− 1.5GPa) state is harder than the humid(E ≈ 0− 25GPa).
AFM images were also obtained from modified 3dfg macrofibers (Fig. 4.4).

Figure 4.4: AFM Images of the modified macrofiber over three zones. (a,b,c),
(d,e,f) and (h,i,j), correspond to Topography, Amplitude and Phase channels for
“Zone 1”, “Zone 2” and “Zone 3”, respectively.

Fig. 4.4 shows that modified cotton macrofibers present some differences when
compared to the control ones. In particular, there are some globular structures
above the nano- to micro-structures observed. We think that this blobs can be
created due to the interference of the fluorine atoms on their internal structures.
In general, considering Fig.4.4d)-j), modified macrofibers seem to be more
heterogeneous than control ones, but they keep an orientation towards their
elongation axis.
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4.1.2 CNF Morphology

4.1.3 Humidity controlled experiments

First, we can see that control and modified macro-samples behave different
when exposed to the same cellulase-water dilution (Fig. 4.5). This can be consid-
ered as an indicator that something different is happening with the digestion of
control and modified samples. Control sample seems to dilute in the solution,
while modified sample seems to absorb it.

Figure 4.5: Photography of stock solution after 1 day of enzymatic digestion. a)
Control, b) Modified samples.

Once digested, humidity-dependent AFM images were obtained in the
control CNF. Fig. 4.6 a) shows a CNF at a dry state, and Fig. 4.6 b) at a humid
state. At a first look, we can see that control CNF suffered swelling at specific
points. In Fig. 4.6 b), white boxes indicate the swelling zones 1, 2 and 3.

Figure 4.6: AFM topographical images of control enzymatically-digested CNF.
Left Panel: Dry state (< 10% rh). Right panel: Humid state (> 70% rh). Zones
1,2,3 denote swelling points.

We will focus now on studying swelling zones 1 and 2 of Fig. 4.6 (white
boxes 1 and 2).
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Figure 4.7: AFM Experiment on control CNF. a),c) are Topography and Phase
contrast channels, respectively, at rh< 10%. b),d) are the same with rh> 70%.
Both are a crop of Fig. 4.6 Zone 1. e) Height distribution of the zone in both
states. f) Cross section height taken along the long axis of the fiber, following its
elongation axis, in both dry and humid states.

From Fig.4.7 e),f), we can notice that, along the fiber, there is a change in height
at a certain point, of around 10nm. The question here is if this increment of
height is due to the fiber itself swelling at a certain point, or there are just
water-nanodroplets that were adsorbed over the fiber surface at specific points.
This can be clarified studying the phase images (Fig.4.7c),d)). If there were a
water droplet on the fiber’s surface, there would be a noticeable color contrast
in the phase images, due to the difference in energy loss from tip-water and
tip-cellulose interactions. The low contrast of the phase-shift in the humid state
(Fig. 4.7 d)) makes us believe that the fiber itself is presenting swelling at specific
points.
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Figure 4.8: AFM Experiment on control CNF. a),c) are Topography and Phase
contrast channels, respectively, at rh< 10%. b),d) are the same with rh> 70%.
Both are a crop of Fig. 4.6, from what we will call Zone 2. e) Height distribution
of the zone in both states. f) Cross section height of the fiber, following its
elongation axis, of both states.

In Fig. 4.8, we can see the same behaviour as in Zone 1, but here, the contrast
in the swelling point with respect to the rest of the fiber is even lower. This,
again, makes us think that the fiber itself is swelling at that point, and not just
adsorbing the water on its surface.

In the work of Ottesen and Syverud [10] (See Fig. 1.9), they showed that
when exposed to water, the whole nanofibril-structure swelled, and they found
no evidence for distinct crystalline and amorphous domains in natural cellulose.
Here, we think that we found an important evidence of these distinct amor-
phous and crystalline domains, being the amorphous domains the ones that
swell when exposed to water. In fact, in the same work, they showed that de-
pending on the DoC of the structure, the swelling capability changed. We think
that, through enzymatic digestion, we obtained CNF composed by crystalline
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structures linked by amorphous ones. A fundamental difference between our
work and the one of Ottesen and Syverud [10] is that we synthesized the CNF
through cellulase digestion, while they used homogenization of cotton linters.

For the case of 3-dfg (modified) fibers, we can see a different behaviour
when exposed to water (Fig. 4.9).

Figure 4.9: Humidity-controlled experiments on a 3dfg CNF. Left column panels
(a,c,e) present Topography, Amplitud and Phase channels at a dry state (rh
< 10%), respectively. Right column panels (b,d,f) represent their counterpart at
a humid state (rh > 65%).

In this case, it seems like the whole structure presented swelling, including
the background. It is difficult to quantify if the fiber itself grew in radius, since
it seems to be surrounded by a little film of material, probably as a result of
the enzymatic digestion. So, the change in height could be affected by the
background. Also, as we discussed in Ch. 2, width measurements with AFM are
not something to trust in, especially when working with humid environments.
Having said that, what we can notice clearly, is that the images of the humid
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state present rugosities-contrasts, that were not present in the dry state, or at
least are enhanced by the humidity. If we take cross sections of the topography
and phase channels, for example, we can see that this contrast appears in both
channels (Fig. 4.10). This period can be quantified, taking for example the
distance between ten of the peaks (Fig. 4.10 d)), yielding an average value of
37± 8(nm).

Figure 4.10: Same spot as Fig. 4.9. a),c) show cross sections on Topography
and Phase channels, respectively. b),d) are the plot of the cross sections taken
in a) and b), respectively. e) is a convolution between topography and phase
channels. f) is the 3d representation of e).

This phenomenom has been reported before for fibrillar structures. For example,
in Spitzner et al. [9], they spot the D-band pattern for Collagen through studying
the swelling of collagen fibers (Fig. 1.4). We think that the periodicity we found
could be related to different regimes of 3dfg modified fiber and unmodified
cellulose, causing swelling heterogeneities. These swelling heterogeneities, both
for natural and modified CNFs, have not been reported in literature.
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4.1.4 Comparison with standard acid hydrolisis protocol

To compare our enzyme-based protocol with a standard sulfuric acid hydrolisis
in natural fibers, our collaborators sent us a sample of sulfuric acid-digested
CNFs over mica. They followed a protocol similar to the one described by Jiang
and Hsieh [61], to treat the same natural cotton fibers.

Figure 4.11: AFM images of CNFs. Left column pannels (a),c),e)) show topog-
raphy, amplitude, and phase channels of sulfuric acid-digested CNFs. Right
column pannels (b),d),f)) are their enzyme-digested counterpart.

From Fig. 4.11, we can notice that enzymatic digestion yields, in general, longer
structures with higher height. Enzyme-digested CNFs lengths are in the order
of 1µm, in contrast to the acid-treated structures, which have lengths of around
200nm. In terms of height, enzyme-digested structures range between 8−25nm,
and the acid-treated between 2− 10nm. From phase images (Fig.4.11 e),f)), we



4.1. CELLULOSE PROJECT 37

can see a higher contrast between the fibers and the substrate in the enzyme-
digested sample, but this can be due to the difference between substrates (mica
for acid-trated, silicon for enzyme-digested).
Considering our results, we believe that our enzymatic digestion protocol
leads to bigger structures -when compared to sulfuric acid treatment- that are
composed by crystalline and amorphous regions. Probably, and as we discussed
in Ch. 1, acid-treated cellulose is a more crystalline structure.
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4.2 Nanomechanics of hydrogels
1For the different hydrogels, we obtained topographical images and mechanical
moduli histograms (Fig. 4.12).

Figure 4.12: (a),c),e),g)). AFM topographical images of collagen, GelMA,
PEGDA, and alginate, respectively. (b),d),f),h)). Young’s modulus histograms of
collagen, GelMA, PEGDA, and alginate, respectively.

1All the results and discussions from this section have already been published by our group
in Olguı́n et al. [35].
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To obtain the mechanical moduli presented in Fig. 4.12 (right column), 400
force-distance curves were taken over a region of a few micrometers, in liquid
environment of PBS. These curves were fitted using the hertz model (Eq. 2.9)
and considering a Poisson’s ratio ν = 0.5 for every gel. For the case of Gelma,
some curves were disregarded, and 306 were used to fit and obtain Fig. 4.12 f).
The topographical parameters obtained from these measurements are presented
in Table 4.1.

Table 4.1: AFM measurements of topographical parameters for hydrogels.

Collagen GelMA PEGDA Alginate
RMS(nm) 14.6 1.6 1.6 2.0

Young’s Modulus (MPa) 0.96±11 0.59±0.21 4.10±0.67 0.53±0.03

Firstly, we can compare the Young’s moduli of these hydrogels with literature,
and see that they are within their expected values [62, 63]. For the case of
rugosities (RMS), they were calculated with the software Gwyddion. RMS
stands for “Roughness Mean Square”. The roughness values for Collagen, GelMA
and Alginate are within expected from literature [64, 65, 66]. For the case of
PEGDA, measured RMS is considerably lower than what has been reported
in literature [67, 68, 69]. In general, increasing the levels of crosslinking on the
hydrogels increases the surface stiffness and reduces its roughness [70, 71]. In
this work, the PEGDA hydrogel was crosslinked with a higher UV radiation
power than in literature (i.e., higher level of crosslinking), so it makes sense
to obtain higher RMS values. These hydrogels were successful when seeding
PC12 neural cells on them [35].
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Chapter 5

Conclusions and Outlook

This work explored the nanomechanical and morphological characterization of
two different biopolymer systems: Hydrogels and Cellulose. For cellulose, we
used environmental-atomic force microscopy (e-AFM) to detect the nanoscale
effects of biological incorporation of a fluorine-based molecule (3-deoxy-3-
fluoro-D-glucopyranose) in cotton, and studied the swelling properties of nat-
ural and modified cellulose at its macro- and nano-scale components. For the
hydrogel systems, we characterized the surfaces of Collagen, Alginate, PEGDA
and GelMA hydrogels in liquid environments (PBS). Sample preparation pro-
tocols were implemented, such as blade coating for cellulose macrofibers and
cellulase-enzymatic digestion for CNF. A liquid-mode AFM protocol was also
implemented to measure the hydrogels.
Both control and modified cotton macrofibers have micro- to nano-structures ar-
ranged along their elongation axis, with noticeable heterogeneities in their local
mechanics, presumably due to their internal arrangement. In modified samples,
the fluorine atom may also contribute to these differences. Modified macrofibers
show globules between smaller fibrillar structures. Control cotton nanofibers
swell at specific spots when exposed to higher relative humidity, suggesting a
semicrystalline structure. We believe that our experiments evidence amorphous
and crystalline domains within natural CNF, differing from earlier results [10],
most likely due to the difference in the hydrolisis method, i.e., acid or enzymatic
hydrolisis. Our results show that enzyme-digested structures seem to be bigger
than acid-treated ones. Modified cellulose nanofibers exhibit heterogeneous
swelling, with a D-like pattern that is seen in height and phase with a period of
37± 8(nm), likely due to the fluorine atom’s interference with the wettability
of the nanofibers. We think that this period could be related to the modified
fiber’s repeat unit length (as D-spacing), but further research on it is necessary
to confirm. Biopolymer-based hydrogels showed rugosity (RMS) values around
2 nm, except for Collagen, which had an RMS of around 15 nm, potentially due
to UV light exposure. PEGDA hydrogel showed lower RMS when compared
with literature, probably due to the different exposition to UV light used in
this work too. The Young’s moduli of the gels ranged from 0.53 to 4.1 MPa.
Future research in this topics will focus on trying to correlate the effect of these
mechanical properties of the gels with the effect of electrical stimulation on
PC12 cell culture proliferation. By now, no correlation could be set [35].

41
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